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Coordination of the Biliverdin D-ring in Bacteriophytochromes
‡

‡

Nils Lenngren,a Petra Edlund,b Heikki Takala,a,c‡ Brigitte Stucki-Buchli,a Jessica
Rumfeldt,a Ivan Peshev,a Heikki Häkkänen,a Sebastian Westenhoff,∗b and Janne A.
Ihalainen∗a

Phytochrome proteins translate light into biochemical signals in plants, fungi and microorganisms.
Light cues are absorbed by a bilin chromophore, leading to an isomerization and a rotation of
the D-ring. This relays the signal to the protein matrix. A set of amino acids, which is conserved
across the phytochrome superfamily, holds the chromophore in the binding pocket. However, the
functional role of many of these amino acids is not yet understood. Here, we investigate the hydrogen bonding network which surrounds the D-ring of the chromophore in the resting (Pr) state. We
use UV/Vis spectroscopy, infrared absorption spectroscopy and X-ray crystallography to compare
the photosensory domains from Deinococcus radiodurans, the phytochrome 1 from Stigmatella
aurantiaca, and a D. radiodurans H290T mutant. In the latter two, an otherwise conserved histidine next to the D-ring is replaced by a threonine. Our infrared absorption data indicate that the
carbonyl of the D-ring is more strongly coordinated by hydrogen bonds when the histidine is missing. This is in apparent contrast with the crystal structure of the PAS-GAF domain of phytochrome
1 from S. aurantiaca (pdb code 4RPW), which did not resolve any obvious binding partners for the
D-ring carbonyl. We present a new crystal structure of the H290T mutant of the PAS-GAF from
D. radiodurans phytochrome. The 1.4- Å-resolution structure reveals additional water molecules,
which fill the void created by the mutation. Two of the waters are significantly disordered, suggesting that flexibility might be important for the photoconversion. Finally, we report a spectral analysis
which quantitatively explains why the histidine-less phytochromes do not reach equal Pfr -type absorption in the photoequilibrium compared to the Deinococcus radiodurans wild-type protein. The
study highlights the importance of water molecules and the hydrogen bonding network around the
chromophore for controlling the isomerization reaction and spectral properties of phytochromes.

1

Introduction

Phytochromes are photosensor proteins in plants, 1 bacteria, 2–6
and fungi. 7 The proteins sense ambient light levels and control
the developmental processes in the organisms. 8–10 Most phytochromes detect red and far-red light, but variants in photosynthetic bacteria are tuned to sense other colors of the visible
spectral region. 11 Upon light absorption, a bilin chromophore
isomerizes around the bond connecting the C- and D-rings. 12,13
This triggers a series of photochemical and structural changes, 14
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which finally results in modification of the biochemical activity of
the protein.
In canonical phytochromes, the resting state is called Pr, after its red-light absorption properties. Red light can switch the
chromophore into the Pfr state, which absorbs far-red light. Pfr
undergoes thermal relaxation to the Pr state in the dark, but it can
also be switched back by illumination with red light. Some bacterial phytochromes have an inverted dark reversion, with Pfr being
more stable than Pr. 15,16 When switching between the two states,
the chromophore transitions between a sequence of intermediate
states, 17 which are called Lumi-R and Meta-R for the Pr-to-Pfr
transition and Lumi-F and Meta-F for the reverse reaction.
The majority of plant, fungal and bacterial phytochromes
share a conserved photosensory module (PSM) that contains
three domains: PAS, GAF and PHY (Per/Arnt/Sim, cyclic guanosine monophosphate phosphodiesterase/adenyl cyclase/FhlA,
and phytochrome-specific, respectively). Plant phytochromes
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have a partially unstructured N-terminal extension, 18 which is
important for signaling. 19 All phytochromes have C-terminal output domains, which differ between different species. Plant phytochromes typically carry two PAS domains and a kinase-like domain, whose functional role is still debated. Many bacterial phytochromes have histidine kinase output domains and act as the
first part of a two-component signaling system, 20 but other output domains also occur. 21,22 The bilin chromophore is covalently
attached to a cystein in the PAS or GAF domain and it is typically
inserted into the folded protein matrix with non-covalent links to
all three domains (PAS, GAF, and PHY) of the PSM.
The discovery of bacterial homologs of phytochromes 2–5
marked a turning point in the field, because it has since
then become possible to determine high-resolution structures
of cyanobacterial and bacterial phytochromes. 17,23–35 Conserved
amino acids in the vicinity of the chromophore are of special
interest, because they are expected to guide the signal transduction from the chromophore to the protein. However, despite the availability of the crystal structures, comprehensive
spectroscopic investigations of a large number of single-site mutants 36,37 and successful engineering of phytochromes into fluorescent proteins, 38–40 the functional role of the residues flanking
the biliverdin remains scarcely understood.
Here, we investigate histidine 290 in the phytochrome from
Deinococcus radiodurans (DrP). Histidine 290 is widely conserved
across the phytochrome superfamily. Some phytochromes in
myxobacteria lack this histidine, but only when there are two phytochrome variants present in the same bacterium 41,42 . As such,
the histidine must have an important role to play for the function
of phytochromes. In Pr, the histidine residue is located at hydrogen bonding distance (2.7 Å) to the D-ring carbonyl and coordinates the D-ring directly 25,43 and through a water molecule. 24,44
It can therefore be expected to play a role in stabilizing the outof-plane rotation of the D-ring with respect to the B- and C-rings.
The residue has also been implicated in the isomerization reaction. 45 In Pfr, the D-ring carbonyl is facing away from the histidine and the histidine coordinates the propionic side chain of ring
C instead. 43,46,47
We compared the DrP to the phytochrome 1 from the myxobacterium Stigmatella aurantiaca (SaP1). SaP1 is interesting, because the said histidine is naturally exchanged for a threonine. 41,42 The available crystal structure of SaP1PASGAF indicated
that the D-ring of the chromophore is not coordinated by the threonine directly. 41 Interestingly, SaP1 has a higher Lumi-R quantum
yield compared to other bacteriophytochromes. These observations were interpreted to mean that the absence of the histidine
makes it easier for the D-ring to isomerize. 41 The suggestion is
in line with a trend which had been observed earlier for the phytochromes 2 and 3 from Rhodopseudomonas palustris, which differ
in the number of hydrogen bonds to the D-ring. 48,49
However, under continuous red-light illumination, SaP1 has an
attenuated far-red absorption compared to prototypical bacteriophytochromes such as DrP, similar to the H290N and H290Q mutants of DrP. 36 This may be due to incomplete or inefficient photoconversion from Pr to Pfr, or due to changes in the shape and
position of the Pfr spectra. 41,42 All of these samples have intact
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Pr spectra.
In order to investigate the role of H290 further, we use vibrational spectroscopy. The technique can give valuable information
about the chemical environment of functional groups. In phytochromes, it has for example revealed that protonation events
are important for the Pfr-to-Pr transition. 36,50,51 Time-resolved
Fourier transform infrared (FTIR) absorption spectroscopy and
FTIR spectra of cryo-trapped intermediates have revealed that the
structural differences increase throughout the photocycle. 52,53 In
agreement with crystal structures of the DrPPSM , which showed
that parts of the PHY domain refolds in the transition from Pr
to Pfr, 27 a set of peaks was identified in difference FTIR spectra
(Pfr−Pr), which reflected these secondary structural changes. 54
However, a general difficulty of protein vibrational spectroscopy is the assignment of spectral features to specific sites
in the protein, limiting the structural insight that can be derived
from the spectra. Luckily, the carbonyl groups of the D- and Aring of the biliverdin chromophore can be clearly identified in
Pfr−Pr difference spectra close to 1710 cm−1 and 1730 cm−1 , respectively. 45,55,56 When an oxygen of the carbonyl group acts as
hydrogen bond acceptor, the C=O bond is weakened and the vibrational frequency down-shifts. 57 Hydrogen bonding of the carbonyl oxygens is also evident in pronounced shifts when H2 O
is exchanged to D2 O in the buffer. For the Pfrof the DrPPSM ,
the biliverdin carbonyl frequency is identified at 1686 cm−1 by
apoprotein labeling indicating a rather strong carbonyl coordination. 58
Here, we report steady state and time-resolved IR spectra of
DrPPSM , SaP1PSM , and a H290T mutant of DrPPSM . By determining the hydrogen bond coordination of the D-ring from the IR
spectra and by presenting a new crystal structure of the mutant
DrP(H290T)PASGAF , we investigate the role of H290 in the binding pocket of phytochromes.

2

Experimental

The samples DrP(H290T)PASGAF and DrP(H290T)PSM were mutated from the wild-type fragments 23 with a QuikChange Lightning Multi Site-Directed Mutagenesis Kit (Agilent Technologies) and primer 5’(CCT GAT CGC CTG CAC CCA CCA GAC
GCC CTA CG)3’. The samples DrPPSM , DrP(H290T)PSM , and
DrP(H290T)PASGAF were produced and purified as described previously. 27,59 SaP1PSM proteins were produced using the same
protocol, but for purification with size-exclusion chromatography
buffer (10 mM Tris, 10 mM NaCl, pH 8.0) was used. Additionally, protease inhibitor was added before cell lysis. The buffer for
DrPPSM and DrPPASGAF and mutated samples was (30 mM Tris,
pH 8.0). D2 O buffer was prepared by adjusting the apparent pH
(as measured by a standard glass electrode) of D2 O solutions to
8.0 by addition of undeuterated concentrated HCl (aq). This corresponds to a pD of 8.4. 60 To exchange the solvent of the proteins,
the solution was (1) concentrated three times and diluted with
the new buffer, (2) illuminated five times with 655 nm (5 min)
and 785 nm (5 min) laser diodes (∼35 mW) at about 0.2 mM
protein concentration, and (3) concentrated to about 0.4 mM.
The purpose of the light treatment was to exchange otherwise
inaccessible hydrogens to the solvent.

Circular dichroism was measured in a Jasco J-715 spectropolarimeter and the UV/Vis spectra were measured by a PerkinElmer
Lambda 850 UV/Vis spectrometer with the samples with concentrations of 3.4 µM of DrPPSM and 4.0 µM of SaP1PSM , giving absorbances of about 0.3 at 700 nm. In order to achieve the anticipated state, the samples were illuminated until UV/Vis spectra
did not change upon further illumination (usually for 5 min) using the same laser diodes that were used for D2 O exchange.
The extent of red light induced isomerization was determined
by urea denaturation at low pH. 61 In the urea-denatured state,
the bilin chromophore, still covalently attached to the now unfolded protein, maintains the ZZZ or ZZE conformation it had in
the folded state. Each conformation exhibits a distinct UV/Vis absorbance spectrum. 61 Immediately after illumination with laser
diodes and subsequent UV/Vis measurement, denaturation was
induced by mixing 300 µL of the phytochrome solution with
700 µL of 10 M urea pH 2.5. UV/Vis of the denatured samples
was then measured. Under these conditions dark reversion to Pr
is minimal, with less than 0.2% dark reversion occurring after 5
minutes. 62 Spectral standards corresponding to the ZZZ-urea and
ZZE-urea conformation were made using the dark (after illumination with 785 nm light) and illuminated (after illumination with
655 nm light) absorbance spectra of DrPPSM pH 8.0 assuming
70% photoconversion. These standards were then used for spectral decomposition of the absorbance spectrum (450 to 800 nm)
of urea-denatured phytochrome samples to determine the relative amount of phytochrome in the ZZZ and ZZE conformation.
Spectral decomposition was carried out using a 32-bit version of
SPECTRALAB software. 63
Steady-state FTIR spectra were measured by a Nicolet MagnaIR 760 spectrometer. The concentrations of the samples were
about 2 mM in H2 O buffers, which were (30 mM Tris, pH 8.0)
for DrPPSM and DrP(H290T)PSM and (10 mM Tris, 10 mM NaCl,
pH 8.0) for SaP1PSM . The sample concentrations in D2 O buffer
were about 0.8 mM for DrPPSM , or 1.5 mM for DrP(H290T)PSM
and SaP1PSM . The sample was placed between two calcium
fluoride windows held together by grease. The proteins were
switched between the Pr and Pfr states by illumination before
each measurement with 20 laser pulses of 1 s in length, interspersed with 0.5-s pauses to allow for heat dissipation. Pr
was converted into Pfr by a 671 nm laser with a fluence of
70 mW/cm2 . Pr was recovered using a laser at 751 nm and a
fluence of 50 mW/cm2 . Repetitive illumination series were performed to ensure maximum photoconversion.
Transient IR spectra were measured by a previously described
setup. 64,65 Briefly, the sample was pumped in a closed cycle
where it was illuminated by a 780 nm LED (to switch all the protein to the Pr state, approximately 5 mW/cm2 ) before flowing
between calcium fluoride windows. The windows were separated
by a teflon spacer of either 50 µm (DrP(H290T)PSM ) or 80 µm
(SaP1PSM and DrPPSM ). 66 In the cell, the sample was illuminated
by probe laser pulses as a reference, then by both pump and probe
laser pulses. The pump was red light pulses at 500 Hz (692 nm,
100 fs, 300 nJ, 300 µm diameter). The probe was mid-infrared
light pulses at 1000 Hz (central wavelength 5900 nm, 150 fs,
150 µm diameter). The probe and reference beams were detected

Fig.
1 UV/Vis absorption spectra of Dr PPSM , SaP1PSM , and
Dr P(H290T)PSM after 785 nm illumination (Pr state, blue curves) and after 655 nm illumination (Pfr/Pr photoequilibrium, red curves). The green
spectra are reconstructed spectra of the Pfr state, as described in the
main text. The line marks the peak of the Pfr absorption in Dr PPSM .

by an HgCdTe detector (Infrared Systems Development). Waterlines were used for the calibration of the spectral positions and to
determine the spectral resolution (about 4 cm−1 ). At long times
(2.6 ns and above), spectra were measured repeatedly (at a number of closely spaced time points) in order to obtain the Lumi-R
spectrum with a good signal-to-noise ratio. To minimize buffer
absorption in the spectral window of interest, the samples were
kept in D2 O buffer at concentrations of about 0.1 mM (SaP1PSM ),
0.3 mM (DrPPSM ) and 0.5 mM (DrP(H290T)PSM ).
Crystallization of DrP(H290T)PASGAF was performed as previously described for the wild-type DrPPASGAF . 44 Protein with a
concentration of 20 mg/ml was mixed with reservoir (67 mM
sodium acetate pH 4.95, 3.3% PEG 400, 1 mM DTT, 30%
2-methyl-2,4-pentanediol) in a 1:1 ratio as hanging drops. Crystals formed in the course of hours and were flash-frozen in liquid nitrogen before data collection. The diffraction data was
collected in beamline ID30A-3 at the European Synchrotron Radiation Facility (ESRF). The data was processed with the XDS
program package version March 1, 2015. 67 Like the wild-type
counterpart, 44 the crystals belonged to space group C121, except that two monomers were contained in the asymmetric unit.
The structure was solved by molecular replacement with Phaser 68
with 5K5B 44 as the search model. Refinement was performed
with REFMAC version 5.8.0135 69 by using automatic weights
and anisotropic temperature factors. The model was built with
Coot 0.8.2. 70 Statistics from data collection and refinement can
be found in Table 1. The final structure had Ramachandran statistics of 98.0% in preferred regions, 2.0% in allowed regions, and
0% outliers.
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Fig. 2 CD spectra of the Dr PPSM , SaP1PSM , and Dr P(H290T)PSM after
785 nm illumination (the Pr state) and after 655 nm illumination (the Pfr/Pr
photoequilibrium). “x” marks the Pfr/Pr spectra.

3
3.1

Fig. 3 FTIR difference spectra between Pr (negative) and Pfr (positive)
states of Dr PPSM , Dr P(H290T)PSM and SaP1PSM are shown in H2 O (top)
and D2 O (bottom). The arrows indicate the assigned peak position of the
carbonyl peaks (see text for details).

Results
Steady-state spectroscopy

Fig. 1 shows the UV/Vis absorption spectra of DrPPSM ,
DrP(H290T)PSM , and SaP1PSM . The absorption spectra in Pr are
highly similar for the three samples, but differ after illumination
with 655 nm light. This effect can be reverted by reintroducing a
histidine instead of the unusual threonine into SaP1. 42
To investigate this issue, we determined the amount of isomerized biliverdin in the Pr/Pfr photoequilibrium spectroscopically after denaturation of the protein with urea. Assuming that
the Pfr/Pr equilibrium (r) for DrPPSM was 30%, 27 we found that
the amount of chromophore in ZZZ conformation (corresponding to Pr) in the Pfr/Pr equilibrium was 44% in DrP(H290T)PSM ,
and 49% in SaP1PSM . With this data we estimated the pure
Pfr spectrum of the proteins as IP f r = (IP f r − r ∗ IPr )/(1 − r) (see
Fig. 1). The Pfr spectra of the proteins which lack the histidine
are blueshifted by 10 nm (SaP1PSM ) and 15 nm (DrP(H290T)PSM )
compared to DrPPSM . This blue shift means that the histidine-less
proteins have a higher differential Pfr/Pr absorption compared
to DrPPSM at the excitation wavelength (655 nm). This in turn
causes the photoequilibrium to shift towards Pr and results in a
smaller concentration of Pfr in the photoequilibrium. These effects quantitatively explain the “non-prototypical” shapes of the
Pfr/Pr spectra of DrP(H290T)PSM and SaP1PSM (Fig. 1).
Fig. 2 shows the circular dichroism (CD) of the chromophore
absorption. We find that the CD signals of the three samples in Pr
are similar, except for a small difference in intensity at the main
absorption band at 700 nm. This indicates that the overall conformation of the biliverdin is similar, which is confirmed when
comparing the crystal structures of SaP1PSM and DrPPSM (structures not shown) and DrP(H290T)PASGAF and DrPPASGAF (Fig. 6).
The CD spectra under illumination appear to be different. This is
predominantly an effect of the different concentrations of Pr and
Pfr in the photoequilibrium.
Fig. 3 shows the FTIR difference spectra (Pfr minus Pr). A series
of peaks is observed in the carbonyl region of 1670–1750 cm−1 .
In H2 O (D2 O), DrPPSM has negative peaks at 1737 (1728) cm−1
4|
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and 1713 (1701) cm−1 , and a positive peak at 1686 (1680) cm−1 .
There is even a small positive peak at 1723 (1716) cm−1 in
DrPPSM , but it overlaps with the negative 1713 cm−1 peak. For
SaP1PSM , only one negative peak at 1733 (1729) cm−1 is clearly
visible in the relevant range, along with a broad, but distinct negative band between 1703 (1691) cm−1 and 1674 (1667) cm−1 .
Two positive peaks are found at 1722 (1713) cm−1 and 1712
(1707) cm−1 . For DrP(H290T)PSM , the negative peaks are at similar frequencies as for SaP1PSM at 1737 (1731) cm−1 and at 1703
(1691) cm−1 and the positive peaks resemble the positions in the
wild-type DrPPSM at 1719 (1716) cm−1 and 1689 (1680) cm−1 .
We assign the A-ring carbonyl (Pr) to the negative peaks at
1737 cm−1 (DrPPSM ) and 1733 cm−1 (SaP1PSM ) in accordance
with Ref. 55 , assigned using specific isotope labeling of the chromophore. The assignment is supported by the fact that the peak
is unperturbed in DrP(H290T)PSM by the H290T mutation, which
is not in the proximity of the A ring. Since the A ring does not
isomerize and only moves moderately between the Pr and Pfr
states, 46 only moderate shifts of the vibrational frequency are expected for the A-ring carbonyl. We therefore assign the positive
peaks at 1722 cm−1 (SaP1PSM ), 1719 cm−1 (DrP(H290T)PSM ),
and 1723 cm−1 (DrPPSM ) to the A ring. In summary, the position of the infrared peak of the A-ring carbonyl shifts moderately
to lower frequencies after photoconversion from Pr to Pfr in all
investigated samples and it does not depend on the presence of
H290.
In contrast, the position of the D-ring carbonyl depends on the
presence of H290 in Pr, but not in Pfr. The negative peak at
1712 cm−1 for DrPPSM is not observed for DrP(H290T)PSM and
SaP1PSM , where H290 is missing. Instead, a red-shifted peak
is observed in both proteins at about 1703 cm−1 . The positive
peak at 1686 cm−1 is common to DrPPSM wildtype and the mutant, which indicates that H290 does not directly interact with the
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Fig. 4 Time-averaged transient IR spectra of the biliverdin carbonyl region of Dr PPSM , Dr P(H290T)PSM , and SaP1PSM , all in D2 O. The frequencies of the A and D-ring absorptions are indicated as grey lines.

D-ring carbonyl in Pfr. 58 This is consistent with the available crystal structures for Pfr. 26,46 In SaP1PSM , the positive (Pfr) peak for
the D-ring carbonyl appears up-shifted by 26 cm−1 at 1712 cm−1
compared to the DrP phytochromes, at a spectral position similar
to the PSM from a plant phytochrome. 55 The difference in spectral position in Pfr reflects a different coordination of the D-ring
carbonyl in the Pfr state. The most likely candidate is the presence of H201 (DrP numbering), which is only present in DrP, not
in SaP1, and which is located very close to the D-ring carbonyl in
one of the monomers resolved in the Pfr-state crystal structure of
DrPPSM . 46
3.2 Transient-IR spectroscopy
In order to further verify the spectral position of the D-ring carbonyl peaks in Pr, we also measured infrared absorption spectra
on pico- and nanosecond time scales (Fig. 4). In these data, negative features are again due to the bleach of Pr absorptions, but
the positive features are due to photoinduced absorption of the
excited and intermediate states.
The transient IR spectra in the 1670–1750 cm−1 range in D2 O
reveal that all samples have a negative peak at approximately
1728 cm−1 . A corresponding positive peak appears at 1714 cm−1 .
In accordance with the FTIR spectra, we assign these peaks to the
A-ring carbonyl. For DrPPSM , the peak at 1714 cm−1 is not visible, but the comparison with the data of DrP(H290T)PSM and
SaP1PSM indicates that a peak at the same position could be
present but overlaps with the bleach at 1704 cm−1 .
At lower wavenumbers, the peak positions vary with the presence of the histidine. Negative peaks are found at 1688 cm−1 and
1693 cm−1 for DrP(H290T)PSM (panel b) and SaP1PSM (panel c),

1740
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1720

1710

1700

1690

1680

1670

Wavenumbers / cm -1

Fig. 5 Evolution-associated difference spectra (EADS) of Dr PPSM ,
Dr P(H290T)PSM , and SaP1PSM . The EADS were obtained by global analysis with the glotaran software package. 71 The decay of the excited state
was fit with 2 components (EADS1 and EADS2), for the third time constant which corresponds to the lifetime of the Lumi-R state was fixed to
100 ns, since it lies outside of the experimental time window.

respectively, while the corresponding negative peak is found at
1704 cm−1 for DrPPSM . The positive peaks follow the same
pattern and are located at 1676 cm−1 (SaP1PSM ), 1674 cm−1
(DrP(H290T)PSM ) and 1686 cm−1 (DrPPSM ). These peaks are assigned to the D-ring carbonyl.
Compared to the FTIR difference spectra (Pfr−Pr), the peak
positions can be more clearly identified, because the overlapping
Pfr absorption is missing. Importantly, the data confirm that the
absorption of the D-ring carbonyl in the Pr-state down-shifts by
10 cm−1 (SaP1PSM ) and 15 cm−1 (DrP(H290T)PSM ) when the histidine is exchanged to the threonine. This shift could be due to
a change in the coordination of the chemical group, or due to an
alteration of the conjugation in the D-ring. We consider the latter possibility to be much less likely, because of the highly similar
UV/Vis absorption and CD spectra of DrP and SaP1 in the Pr state.
The former possibility is supported by a comparison between the
peak position in H2 O (Fig. 3) and D2 O (Fig. 4). It is revealed that
the D-ring carbonyl absorptions shift by approximately 10 cm−1
due to the H–D exchange (with some variation between samples
depending on spectral position and shape), which indicates that
hydrogen coordination controls the vibrational frequencies. Assignment of the shifts to a change in the coordination of the Dring carbonyl also follows Toh et al., who used the same interpretation for IR spectroscopic analysis of two other phytochromes. 49
Combined, the findings strongly suggests that the coordination
of the D-ring carbonyl by the hydrogen bonding partners in Pr is
tighter when the histidine is missing.
Our transient infrared absorption data of the proteins covered
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Table 1 Decay times (τ) and amplitudes of EADS (A) of the three components in the global analysis
DrPPSM
DrP(H290T)PSM
SaP1PSM
τ
A*
τ
A*
τ
A*
60 ps
1
36 ps
1
8 ps
1
580 ps 0.40
456 ps
0.66
98 ps
0.59
non0.05
non0.07
non0.12
dec.**
dec.**
dec.**
τave ***
260 ps
298 ps
51 ps
* A was estimated by integrating the EADS over the detected spectral
range; the estimated confidence range for A is ±20%.
** The lifetime of the non-decaying component τ3 was fixed to 100 ns.
*** τave is the average decay time computed from the DADS
(see supplementary information, table SI 1).
component
1
2
3

a time range up to 2.6 nanoseconds, which covers the decay
of the excited state and the Lumi-R formation. The decay profiles at characteristic spectral regions indicate that the excited
state decay profile does not follow single-exponential behavior
(Fig. SI 1), in line with a number of other ultrafast studies of
bacteriophytochromes. 41,48,49,72,73 The data could be fitted satisfactorily by global analysis with a three-component sequential
scheme (Fig. 5). 71 The characteristic lifetimes for each obtained
evolution-associated difference spectrum (EADS) are tabulated in
Table 1 and the EADS are shown in Fig. 5.
EADS1 and EADS2 are associated with the decay of the excited state. In each sample, small changes in the spectral profile between EADS1 and EADS2 can be observed (Fig. 5 and
SI Fig. 2–4). In particular, in the case of DrPPSM , the negative
band at 1704 cm−1 of EADS1 shifts to lower frequency in EADS2
(Fig. SI 2). The sample-specific differences in the spectral dynamics are as discussed above. Comparing the lifetimes obtained from
global analysis is difficult, because they depend on the amplitudes
of the corresponding spectra and the number of components used
for the fits. 74 Therefore, we have calculated average lifetimes.
For this, we have calculated the amplitudes of the corresponding
decay-associated spectra (DADS) of each component over the detected spectral range (Table SI 1 and Fig. SI 5). Similarly to the
raw decay curves (Fig. SI 1), the averaged lifetimes indicate that
the decay of the excited state is faster for SaP1PSM (τave = 51 ps)
than for DrPPSM (260 ps) and DrP(H290T)PSM (298 ps).
EADS3 represents Lumi-R and overlaps well with the spectra recorded at 2.6 ns (Fig. 4, 5, and SI 2–4). All three samples show a broad positive feature over the spectral range from
1720 cm−1 to 1680 cm−1 partially overlapped with the bleach
from the D-ring carbonyl, whose position is different for each
studied sample. The quantum yield of Lumi-R is estimated from
the spectral amplitudes of the EADS3. For the estimation of the
yield, it was assumed that the oscillator strength does not change
between the excited state and Lumi-R. Since the infrared bands
are overlapping in the spectra, we consider that the quoted amplitudes have a confidence interval of ±20%. Thus, we find that,
compared to DrPPSM , the Lumi-R yield is significantly higher for
SaP1PSM 41 . Consistent with higher Lumi-R yield the excited state
decay is faster for SaP1PSM than for DrPPSM . However, the decay
time of the DrP(H290T)PSM is slightly slower than the wild type
whereas the Lumi-R yield is slightly higher (Tab. 1 and Fig. SI 1).
In summary, we conclude that the exchange of His290 for Thr in6|
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deed changes the coordination of the D-ring C=O group, but that
this does not necessarily lead to a higher Lumi-R yield and faster
decay time when comparing DrP(H290T)PSM to DrPPSM .
3.3

Crystallography

Table 2 X-ray diffraction data collection and refinement statistics
Parameter
PAS-GAF-H290T
Data collectiona
Space group
C121
Cell dimensions
a,b,c (Å)
94.8, 53.0, 135.9
α, β , γ (◦ )
90.0, 93.3, 90.0
Resolution (Å)
47.3–1.40 (1.44–1.40)
RMeas
0.124 (1.552)
CC1/2
0.997 (0.336)
I/σ (I)
7.48 (0.93)
Completeness (%)
99.7 (99.5)
Redundancy
4.25 (4.26)
Wilson B-factor
16.6
Refinement
Resolution (Å)
47.3–1.40 (1.44–1.40)
No. of reflections
125,781(9,227)
Rwork /Rfree
0.148/0.198b (0.4111/0.423)
Overall B-factor
24.0
No. of atoms
5741
Proteinc
4790
Ligandd
126
Water
573
Geometry
RMSD
Bond lengths (Å)
0.028
Bond angles (◦ )
2.55
Ramachandran
Favored (%)
98.0
Allowed (%)
2.0
Outliers (%)
0
PDB Code
6FTD
a Outer shell values are in parenthesis.
b Test set for R
Free calculation constitutes 5%.
c Two protein molecules in asymmetric unit.
d Includes atoms from two biliverdins, six acetates and
two (4S)-methyl-2,4-pentanediols.

The conclusion that the D-ring carbonyl is coordinated more
strongly when histidine 290 is exchanged to a threonine is in
disagreement with the crystal structure of SaP1 at 2.73 Å resolution. The structure indicated that the threonine is too far
from the D-ring carbonyl to coordinate it, which was seemingly
in line with the high Lumi-R yield of the SaP1PSM . 41 In order to
structurally underpin the spectroscopic findings, we solved the
crystal structure of DrP(H290T)PASGAF at 1.4 Å resolution. The
mutation mimics of the naturally occurring mutation in SaP1.
DrP(H290T)PASGAF crystallized as monomers in the same crystallization conditions as DrPPASGAF . 44
The overall structure and fold of the two proteins is very similar (RMSD = 0.2 Å). The DrP(H290T)PASGAF crystals had an
elongated asymmetric unit that contained two monomers instead
of one monomer in the DrPPASGAF crystal. 44 This is caused by
pseudo-translation, which is a crystallographic artifact where a
fraction (here 25.3%) of two highly similar copies of the proteins are slightly displaced in relation to each other. Due to
this displacement, a larger asymmetric unit is detected, which
encloses the two highly similar monomers. Here, this leads to

additional electron density in monomer B, which could not be
modeled (around residues 59–67), but it did not affect the structure of monomer A. The effect explained the R-factors and the
Rwork /R f ree gap (0.148/0.198) of the final refinement, which are
acceptable but slightly higher than expected for a structure at
1.4 Å resolution.
Compared to DrPPASGAF , the D ring of DrP(H290T)PASGAF
biliverdin was slightly more tilted relative to the rings B and C and
repositioned closer to the 290 residue (Fig. 6a). We obtained distinct electron density features in the vicinity of the chromophore,
which we assign as water molecules. Fig. 6b shows the hydrogen
bonding network for the wild-type DrPPASGAF , which involves the
D-ring carbonyl and H290 together with two highly coordinated
waters (W1 and W2) that reside between the D-ring carbonyl and
the C-ring propionate. In Figure 6c it is shown that the space
between the D-ring and T290 allows access for two additional
waters (W3 and W4) in H-bonding distance to the D-ring carbonyl. The density for W4 is more clearly observed in monomer
A compared to monomer B, which is probably due to the crystallographic pseudo-translation effect (see above).
The electron density for W3 and W4 is weaker than for W1 and
W2, indicating that they are disordered in the structure, have low
occupancy, or are only transiently present. Figure 6d shows electron density for a composite omit map with the waters W1–4 removed from the model. The densities in the omit maps are strong
for W1 and W2, and weaker and anisotropic for W3 and W4, but
confirm their presence in H-bonding distance to the D-ring carbonyl. When refined, the distance between W3 and W4 (2.5 Å)
is too small for normal hydrogen bonding. The observed density
is either consistent with two waters, which have correlated posi+
tions and occupancies, or with the presence of an H3 O−
2 or H5 O2
cluster. For both clusters, a distance of 2.5 Å is expected between
the 2 oxygen atoms. Furthermore, there is extra electron density
present next to the W3 water that is prolonged towards the surface of the protein, as demonstrated in Fig. 6e. This forms a potential water channel that might account for the weaker defined
density of the waters and their high degree of disorder. Figure 6f
shows how this electron density fits into a pore in the protein
surface and indicate that W3 and W4 can be exchanged with the
solvent through this water channel.
The crystallographic data of DrP(H290T)PASGAF indicate that
the D-ring carbonyl can be coordinated by three hydrogen bonds.
In DrPPASGAF , the carbonyl is only coordinated twice: by one of
the waters and the NE-H group of H290 (Fig. 6a). Furthermore,
the D-ring in DrP(H290T)PASGAF is slightly repositioned closer to
W2 compared to DrPPSM , which should strengthen the interactions with the hydrogen bonding partners. Thus, waters fill the
void created by replacement of H290 by threonine and these waters coordinate the carbonyl group. This underpins the conclusions from the infrared spectra, which indicated a tighter coordination of the D-ring carbonyl of the DrP(H290T)PSM compared to
DrPPSM .
Although we analyze the structures of DrP(H290T)PASGAF in
Fig. 6, the similarity of the negative (Pr) peaks in the infrared
spectra for SaP1PSM and DrP(H290T)PSM suggests that the structure around the D-ring carbonyl in SaP1PSM is similar. In the pre-

Fig. 6 Structural comparison of the Pr structures of Dr P(H290T)PASGAF
(green) and wild-type Dr PPASGAF (blue, PDB ID; 5K5B). A) The impact of
the mutation on the D ring of the chromophore. As an effect of the histidine removal, the D ring is slightly repositioned towards the 290 residue.
B) The waters (W1–2) and hydrogen bonding network around the D-ring
carbonyl in Dr PPASGAF . Electron density around the waters is shown at
1.5 RMSD and hydrogen bond lengths are shown in Angstroms. C) The
waters (W1–4) and hydrogen bonding network around the D-ring carbonyl in Dr P(H290T)PASGAF . Electron density around the waters is shown
at 1.0 RMSD and hydrogen bond lengths are shown in Angstroms. D)
Electron density for the waters (W1–4) in Dr P(H290T)PASGAF as obtained
from a composite omit map. The composite omit map was calculated
by Phenix (version 1.13-2998) with default settings and omitting waters
W1–4. The electron density (orange) is shown at 1.0 RMSD. E) Elongated difference electron density (green) shown for a water in H-bonding
distance to W3. The density extends out to the surface of the protein
indicating the existence of a water channel. Electron density for waters
is shown at 1.0 RMSD and difference density is shown at 3.5 RMSD.
F) The surface of the protein and the pore with the difference electron
density inserted in to the pore. Densities shown as in E.
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viously published structure of SaP1PASGAF , waters were not modeled around the D-ring carbonyl, presumably due to low resolution (2.7 Å), but our spectroscopic and structural data indicates
that waters should be present to coordinate the D-ring. SaP1PSM
may also form interactions with a serine residue (287), 41 but the
position of this residue does not hinder the presence of additional
waters.

4

Discussion

The mechanism of photoisomerization in phytochromes has been
debated. In one model, photoisomerization occurs within femtoseconds, 75 but other evidence suggest that the ring rotation occurs on a timescale of tens of picoseconds. 45,48,76 The relatively
tight coordination of the D-ring carbonyl that we find in this study
is consistent with the latter model as several hydrogen bonds have
to be broken between the carbonyl and its binding partners before
isomerization can occur.
Our data (Fig. 5) indicate that SaP1PSM and DrP(H290T)PSM ,
which lack H290, have a tighter coordination of the D-ring
carbonyl than DrPPSM . However, the Lumi-R quantum yield
and excited-state decay times do not correlate with this binding pattern, as the yield is higher for SaP1PSM and similar for
DrP(H290T)PSM , compared to DrPPSM (see Table 1). Thus, the
data do not fall into the trend that would be suggested by the
model which has derived from data for the phytochrome 2 and 3
of R. palustris (RpP2/3). 48,49 According to the model, the excitedstate decay time should increase and the Lumi-R quantum yield
should decrease with increasing H-bonding to the D ring.
In order to explain this discrepancy, we consider two possibilities. Firstly, it cannot be completely excluded that either our or
the reported 48,49 correlations between hydrogen bonding around
the D-ring carbonyl and the Lumi-R quantum yield are coincidental. It may be that other structural effects mask the effects
of the hydrogen bonding network to the D-ring. This may reflect that the initial photoreaction in phytochromes involves more
than just the H290 and appears to be collective in nature. This,
for example, is in line with the fact that many mutations close to
the chromophore hinder but do not inhibit the photoconversion 36
and that several point mutations, but not the H290, are necessary
to turn phytochromes into fluorescent proteins. 38–40,49 Secondly,
the discrepancy in interpretation may be explained by the nature
of the hydrogen bonding partners. In the present case, the additional hydrogen bonds for DrP(H290T)PASGAF (and presumably
also for SaP1PSM ) are to water molecules, whereas the earlier
reported RpP3 phytochrome has additional hydrogen bonds to
amino acid side chains. 48,77 Waters are highly mobile and may
be dragged along with a rotating D-ring, whereas amino acid
side chains are more tightly anchored in the protein structure.
Thus, the hydrogen bonding network around the D-ring carbonyl
of RpP3 may be more restrictive than the networks in DrP(H290T)
and in SaP1.
In any case, our structure of DrP(H290T)PASGAF indicates electron density for 4 waters (or 2 waters and a cluster formed out of
two waters). This highlights that waters are an integral part of the
pocket in phytochromes. Water molecules may act as a lubricant
around the D-ring, holding it in place, but also providing it with
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sufficient freedom to isomerize. Apparently, both the histidine
and the threonine in position 290 can establish a water network,
which stabilizes the Pr state, but which also enables formation of
the Lumi-R state.
Considering the wide conservation of the investigated histidine,
it must play a essential role. The crystal structures of DrPPSM in
the Pfr state 27,46 show that H290 coordinates the propionics of
the C-ring. An unusual back-reaction channel has been identified
for the SaP1PSM from Lumi-R to Pr, 41 which may be related to
the fact that the propionic of the C-ring cannot find a coordination partner in the absence of H290. Even though the propionic
side chain is not connected to the light-absorbing π-system, removal of the histidine may alter the overall arrangement of the
chromophore in Pfr. This is evident in the blue-shifted Pfr spectra
of the histidine-less samples, leading to a shift in photoequilibrium (Fig. 1). We note that this effect is likely to be functionally
relevant, since the Pr/Pfr ratio under constant light determines
the biochemical activity of the protein.

5

Conclusion

Here, we present crystallographic and spectroscopic evidence that
the D-ring carbonyl in phytochromes is coordinated by waters and
that this coordination strength is increased when the conserved
histidine 290 is exchanged into a threonine. Awaiting structures
of the excited or intermediate states of phytochromes, spectroscopic and comparative studies between different phytochromes
will continue to be important to illuminate the role of the residues
flanking the bilin chromophore. The water cluster revealed by our
new crystal structure deserves further attention, for example by
quantum-chemical modeling. It would also be important to detect the position and presence of hydrogen atoms. Our study underpins that water molecules which embed the chromophore into
the protein binding pocket are integral parts of the phytochrome
machinery for signal transduction.
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